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Abstract: Chromatin has a complex, dynamic architecture in the interphase nucleus, which regulates
the accessibility of the underlying DNA and plays a key regulatory role in all the cellular functions
using DNA as a template, such as replication, transcription or DNA damage repair. Here, we review
the recent progresses in the understanding of the interplay between chromatin architecture and DNA
repair mechanisms. Several reports based on live cell fluorescence imaging show that the activation
of the DNA repair machinery is associated with major changes in the compaction state and the
mobility of chromatin. We discuss the functional consequences of these changes in yeast and
mammals in the light of the different repair pathways utilized by these organisms. In the final section
of this review, we show how future developments in high-resolution light microscopy and chromatin
modelling by polymer physics should contribute to a better understanding of the relationship between
the structural changes in chromatin and the activity of the repair processes.
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1. Introduction

Chromatin, one of the most complex supramolecular structures in the cell, displays several
organizational levels spanning over four orders of magnitudes in size from the 2-nm diameter of the
DNA double helix to the few tens of micrometers of chromosome territories in the nucleus [1]. This
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packing state of chromatin is thought to influence all cellular functions acting on DNA. For example,
even though the causal link between these two processes remains unclear, the modulation of
transcription is associated with major changes in the chromatin organization [2]. While we have a
relatively good understanding of nucleosome structure and function and that of the chromosome
territories, the multiple organizational levels between these two extreme structures remain poorly
understood and are the subject of intense research.

In the present review, we will focus on the interplay between chromatin and DNA repair, which
has been receiving growing attention over the last years. Recent studies have shown that major
chromatin remodeling events occur in the vicinity of DNA lesions [3,4]. However, it is still largely
unknown whether these remodeling events are a mere consequence of the repair processes or play an
active role in the resolution of DNA breaks. We will first review our current knowledge about
chromatin structure and dynamics in the absence of DNA damage and in response to the induction of
such damage. Second, we will examine the potential functional roles of chromatin dynamics during
the DNA repair processes. Finally, we will speculate on how recent chromatin polymer models
combined with high-resolution spatio-temporal data could help to bridge the gap between the
modifications of the internal organization of the chromatin fiber induced by the DNA repair
machinery and the changes in chromatin dynamics assessed by light microscopy.

2. The Organizational Levels of Chromatin: from the Nucleosome to Chromosome Territories

Similar to proteins, chromatin displays a hierarchical organization [2]. The primary structure
encompasses the nucleosome architecture and the internal packing of the chromatin fiber, meaning
the spatial distribution of the nucleosomes along this fiber. For many years, the classical view has
been that the beads-on-a-string fiber composed of nucleosomes alternating with linker DNA
spontaneously folds into a thicker 30-nm fiber [5,6]. However, the existence of this folding level was
recently questioned by several studies that failed to identify the 30-nm fiber in the interphase nucleus
using different high resolution imaging methods [7,8]. More recently, data obtained in yeast with a
new chromosome conformation capture approach leading to mono-nucleosome resolution [9]
suggested the existence of small compact tetranucleosome structures similar to those previously
observed in-vitro [6], but did not demonstrate the presence of longer regular 30-nm fibers.

The secondary structuring level of the chromatin fiber relies on the formation of loops due to
long-distance interactions along this fiber. Although the existence of chromatin loops of kilobase-to-
megabase sizes has been widely documented [9,10], their distribution along the fiber and their
stability remain debated [11]. These loops may be the elementary component of a recently identified
structural unit: the topologically associated domains (TADs) [12,13,14], which correspond to
compact structures encompassing ~1Mb of DNA and characterized by a high probability of contacts
along the chromatin fiber.

Finally, the ternary structure of the chromatin corresponds to the spatial distributions of the
TADs and, at larger scales, of the whole chromosomes, within the nucleus. The TADs associate to
form larger compartments sharing similar features, such as an opened chromatin state or a defined
gene density [15], reminiscent of the original definition of euchromatin and heterochromatin areas.
Studies analyzing the spatial distributions of whole chromosomes showed that they were not
widespread over the nuclear volume but occupy compact and largely mutually exclusive areas called
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chromosome territories [16,17]. The positioning of these territories in the nucleus is not random and
is probably partially defined by interactions with the inner nuclear membranes [18].

So far, we only described a snapshot of chromatin architecture. However, several studies have
reported rapid chromatin motions at scales up to ~1 um [19-22], which would suggest that chromatin
architecture is highly dynamic at all the organizational levels below chromosome territories [23].
These local chromatin motions probably originate both from passive thermal fluctuations and active
remodeling mechanisms but the relative contributions of each component is still a subject of
investigations [24,25].

3. Current Methodologies Available to Analyze Chromatin Dynamics

Chromatin dynamics in the living interphase nucleus can be directly analyzed at multiple scales
in space and time using different fluorescence-based imaging methods. The main difference between
these approaches resides in the size of the assessed chromatin area. The movements of chromosome
territories within the nucleus can be followed by confocal microscopy using fluorescently tagged
histones [26,27]. Single chromosomes or sub-chromosomal areas can be identified by local
photobleaching or photoactivation of the fluorescent proteins [28]. This approach can also be used to
characterize chromatin compaction, in the context of the DNA damage response [29]. The minimal
chromatin area that can be studied with this approach is defined by the size of the laser spot used to
photobleach or photoconvert the tagged histones, which probably encompasses several Mb of DNA
wrapped around thousands of nucleosomes.

To study the dynamics of smaller chromatin areas, DNA can be directly labeled by the
incorporation of fluorescent nucleotides during replication [30]. The labeled areas thus correspond to
replication foci that contain ~0.8Mb of DNA [31]. Another common labeling approach uses repeated
bacterial sequences, such as the Lac or the Tet operator, integrated into the genome. The binding of
the associated repressor proteins tagged by fluorescent dyes to this DNA stretch, whose size is
approximately 100 kb, generates a fluorescent spot whose trajectory can be followed under the
microscope [32]. Although this strategy has demonstrated its usefulness in analyzing chromatin
motion (see below), it is known to suffer from several pitfalls. For instance, the integration of these
DNA arrays containing a large number of repeated sequences tightly bound to repressor proteins
induce the formation of fragile sites and the transcriptional silencing of the surrounding
genes [33,34]. Interestingly, it was recently reported that shorter DNA recognition sequences of only
one kilobase can be used to assess chromatin motions [35]. Moreover, the newly developed tools for
genome editing such as the TALEs or CRISPR/Cas systems can also be applied to fluorescently tag
short target DNA sequences in living cells [36,37]. These new approaches would allow not only to
solve the issues related to the repetitive nature of the Lac or Tet arrays but also to follow the
dynamics of smaller chromatin regions. The different methods mentioned so far to assess chromatin
dynamics were based on the local labeling of predefined chromatin regions. An alternative is to label
uniformly the chromatin, using for example fluorescently tagged core histones, and to use image
correlation methods to characterize the local chromatin movements [38,39].
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4. Chromatin Dynamics in the Absence of DNA Damage

Although the global architecture of chromatin is stable during interphase [26,27], local
movements with amplitudes of 0.3 to 1 um have been reported in multiple organisms: bacteria [22],
yeast [19] and higher eukaryotes [40,41]. Most of the reports studying chromatin motion are based
on the analysis of the mean squared displacement (MSD) curves calculated from the tracks of
fluorescently labeled chromatin foci [42]. Diffusion coefficients derived from these MSDs range
between 10> and 10 um?/s [40,41]. By comparison, the diffusion coefficient of a 30 kD globular
protein in mammalian nuclei is several magnitudes higher, 10-40 pm?/s. Interestingly, chromatin
mobility is usually higher in yeast than in mammals, maybe due to the fact that mammalian
chromosomes are longer than the yeast ones and thus more difficult to move [43]. The analysis of the
MSD curves also indicates that chromatin dynamics do not correspond to pure diffusion but rather to
anomalous diffusion or subdiffusion [44] (Figure 1). Such diffusion patterns arise either when
molecules diffuse in complex heterogeneous media [45] or when studying thermal fluctuations
within a polymer [46], both of which could explain the observed chromatin dynamics. Interestingly,
the subdiffusive motion of the chromatin seems homogeneous within a large range of timescale from
107 to 107 s [44,47], suggesting that the components responsible for these chromatin motions act at
multiple timescales. In rare cases, transient directional chromatin movements have been also
reported [20].

Figure 1. (A) Nucleus of a U20S cell with its DNA labeled using fluorescent
nucleotides. Bar = Spm. The inset shows examples of trajectories displayed by the
labeled chromatin foci. The trajectories were recorded for 30s at 2 frames per
second. (B) Curves of the mean square displacement (MSD) calculated from the
trajectories of the labeled foci. Each curve corresponds to the averaged chromatin
dynamics within one nucleus (21 nuclei, 40 to 180 track per nucleus). The fact that
the curves show a slope of ~0.5 in the log-log representation indicates that the
chromatin dynamics is subdiffusive at the studied timescales.

Although contradictory results have been reported [25,40], several studies indicate that local
chromatin motions are principally due to ATP-dependent processes rather than thermal
fluctuations [19,24,38]. Multiple active processes are probably responsible for chromatin dynamics.
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While the influence of the DNA replication status is unclear [19,25,48], modulations of transcription
levels correlate with changes in chromatin motions [49,50]. In this context, the ATP-dependent
chromatin remodeler INOSO is an important regulator of chromatin dynamics [51]. In the case of
directed motion related to transcription activation, the involvement of actin dependent transport has
been reported [52,53]. Besides these active processes directly acting on chromatin, the nuclear
environment surrounding chromatin also influences its movements. The tethering of chromatin to
stable nuclear structures such as the lamina or the nucleoli reduces chromatin motions [54].
Moreover, a recent report revealed that the viscoelastic properties of the complex and heterogeneous
nuclear environment also modulate chromatin dynamics [55].

5. Chromatin Dynamics upon DNA Damage

Chromatin dynamics in the context of DNA repair mechanisms has been mainly analyzed for
the most deleterious form of DNA damage: double strand breaks (DSBs). Eukaryotic organisms
activate two main mechanisms to repair DSBs (Figure 2): homologous recombination (HR) and non-
homologous end joining (NHEJ). HR requires the pairing between the broken DNA and an intact
homologous sequence, which is used as a template for the faithful repair [56]. Instead, NHEJ directly
religates the broken ends without the need for an intact template, making this type of repair more
error-prone [57]. The changes in chromatin architecture associated with the activation of these DSB
repair pathways have been studied mostly in yeast and mammalian nuclei. While chromatin
dynamics is in the same range in yeast and mammals in the absence of DNA damage, the induction
of DSBs is associated with a very different response of the chromatin architecture in the two model
systems. This observation may be related to the fact that HR is the major DSB repair pathway in
yeast while NHEJ dominates in differentiated mammalian cell lines [58].

5.1. The yeast paradigm

In yeast, chromatin dynamics was assessed by tracking fluorescently labeled chromosomal loci
during two different steps of the DSB repair by HR: the early resection process and the later
homologous pairing phase. During resection, a strong inhibition of the chromatin motions was
observed [35]. Chromatin dynamics associated with homologous pairing was characterized mainly in
terms of confinement radius, which corresponds to the size of the region explored by the tracked
locus. The induction of DSBs by restriction enzymes or pharmacological treatment was associated
with an expansion of the nuclear area explored by the mobile damaged locus, even if the amplitude
of this expansion varies depending on the locus of interest and the ploidy of the cell [59,60].
Surprisingly, the induction of DNA damage not only affects the dynamics of the damaged site but
also induces an overall increase of chromatin mobility in diploid cells [3]. The fact that this global
effect was not observed in haploid cells under similar conditions [59] suggests that it only occurs
when a damaged chromosome needs to explore the nucleus to find and pair with its homologue. It is
also important to note that the modulation of chromatin movements at DNA breaks depends on the
type of DNA damage since spontaneous breaks occurring during DNA replication display decreased
mobility compared to undamaged DNA [48]. Several members of the DNA repair machinery are
implicated in the modulation of the chromatin dynamics in relation to DNA damage: the
recombinase protein Rad51, the ATR mediator Mecl and the INO80 nucleosome remodeling
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complex [59,60], but the exact mechanism by which these repair proteins regulate chromatin motions

remains unknown.

! DNA damage

Non homologous
end joining

Homologous
recombination

. R °

——
—— =
— — ——=

CtlPand MRN
. Ku70/80 € Exonuclease complexes @ RADS51
. DNA-PKs DNA ligase @ RPA @ DNA polymerase

Replication of the broken DNA using the
sister chromatid or the homologous
chromosome as a template

Joining the two DNA pieces after
creating blunt ends

Error-free mechanism

Error-prone mechanism

Figure 2. Schematic description of the two main pathways for repairing DNA
double strand breaks.

In addition to the increased chromatin mobility, several studies describe the clustering of
multiple DSBs. Lisby et al. showed the co-localization of DNA lesions in foci containing the repair
factor Rad52 suggesting that these multiple DSBs are driven to a shared location, the so-called
“repair centers” or “repair factories” [61]. When no homology is found and DSBs persist, Rad51, a
protein involved in homology pairing, remains on the broken DNA indicating persistent homology
search which ultimately leads to the relocation of the DSBs to the nuclear periphery [62,63].
Altogether, the different data obtained in yeast thus suggest a global picture in which the
enhancement of the mobility of DNA breaks is a key step for their efficient repair (Figure 3).

AIMS Biophysics Volume 2, Issue 4, 458-475.



464

5.2. The mammalian paradigm

While recent publications allowed us to draw a relatively clear picture of the modulation of
chromatin dynamics in yeast upon induction of DSBs, the situation in mammalian nuclei appears
much more complex. On the one hand, there are several findings similar to the yeast-like model in
which damaged DNA gains mobility and, in some cases, relocates to repair-competent areas. After
irradiation by a-particles, the damaged chromatin displays enhanced mobility compared to
undamaged DNA [64] and tends to fuse into clusters [65]. Similarly increased dynamics was also
found for uncapped telomeres, which can be recognized as DSBs [66]. Finally, damaged DNA in
heterochromatin tends to move into euchromatin where YH2AX foci are formed, suggesting that this
relocation step is necessary for proper signaling and repair [67,68]. This mechanism, which is also
observed in Drosophila melanogaster [69], may limit the risk of deleterious chromosomal
rearrangements within the highly repetitive heterochromatin. However, there are numerous reports
that do not observe pronounced changes in chromatin mobility upon damage induced by y or UV-
laser irradiation [29], X-ray irradiation [70], ion irradiation [71] or enzymatically-induced
DSBs [72,73].

Besides the analysis of chromatin movements, many publications also investigated the
modulation of the chromatin compaction state at DNA breaks. Smerdon and Lieberman showed in
1978 that UV-induced DNA damage gives rise to an increased sensitivity of chromatin to
nucleases [74]. This higher accessibility at the nucleosomal level upon DNA damage is correlated
with chromatin decondensation at the micrometer scales accessible by light microscopy [29,75], even
though the causal link between these two remodeling events occurring at different scales is still
unclear (Figure 3). Following this initial fast decondensation, the damaged chromatin area slowly
recondenses [4], potentially reaching higher compaction levels than before damage induction [76].

Currently, we have no precise clue about the molecular mechanisms regulating chromatin
packing upon DNA damage. Multiple proteins are recruited to the DNA breaks. Some of them, such
as PARPI1, promote chromatin decondensation [4,77], while others, such as HP1, induce the
formation of a closed chromatin state [78,79]. It is unclear how the action of these proteins with
opposite effects on chromatin packing is coordinated. Khurana and colleagues proposed that
chromatin decondensation and compaction occur sequentially through a balance between the factors
intervening in these two processes, this coordination being a key determinant of the choice of the
repair pathway [4]. Alternatively, Hinde et al. suggested a model in which both chromatin expansion
and compaction processes happen at the same time but in distinct regions of the chromatin in the
vicinity of the DNA breaks [39].

6. Functional Roles of Chromatin Dynamics at the DNA Breaks

The data reviewed so far identify major changes in both chromatin mobility and compaction
state during the DNA damage response. In this section, we will investigate the functional roles of
these chromatin-remodeling processes.

Regarding the yeast model, it has been postulated that the increased mobility of DSBs may
promote homology search, which is the limiting factor in HR (Figure 3). This is supported by the fact
that the increased chromatin mobility upon DNA damage is absent in yeast depleted for proteins
involved in homology search [59,60]. The increased chromatin movements may also promote the
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merging of multiple DSBs in repair foci [61]. The formation of nuclear bodies is a classical cellular
response to promote different functions due to the local accumulation of specific proteins [80].

DNA
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Repair
= center
© #
L Homologous
L pairing
e===s Chromosome B DSB @@ Repair proteins
Nucleolus B Homologous sequence

Mammals

Chromatin decondensation Facilitated access for
repair proteins

Figure 3. Schematic description of the changes in chromatin motions and
compaction state observed at DNA breaks for yeast and mammals.

In this context, the DSB clusters may constitute areas highly favorable for efficient repair.
However, it is interesting to note that increased chromatin mobility at the DNA breaks is not
generally observed in mammalian nuclei. Two reasons may explain these differences between yeast
and mammals. The first is the amplitude of the nuclear movements relative to the size of the nucleus.
In the yeast nucleus characterized by a 2 pm diameter, chromatin loci already explore a significant
fraction, about 10-20 %, of the nuclear volume in the absence of DNA damage [81]. Following a
modest increase in chromatin mobility, this value increases to ~50 % upon DNA damage [59],
allowing the efficient search for the intact homologous sequence required in HR. In mammalian
nuclei, the amplitude of chromatin motions in the absence of damage is in the same range than in
yeast but the volume to explore is two orders of magnitude bigger. Consequently, the efficient
exploration of the nucleus for homologous pairing would require a strong increase in chromatin
movements, which may only be achieved by major unfolding of the chromatin fiber. Nevertheless,
long-range chromatin displacements can occur in mammalian nuclei as observed in the case of
transcriptional activation [52]. Thus, rather than the potential inefficiency of the nuclear exploration
for homologous pairing, chromatin may not display increased mobility at DNA breaks in mammalian
cells to limit the risk of deleterious chromosome translocations, which could ultimately lead to
cancer development [51,73,82]. Indeed, a recent genome-wide analysis of chromosomal
rearrangements in mammalian nuclei shows that the physical proximity to the DSB is a key
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determinant in the probability of translocation events [83]. Altogether, the potentially inefficient and
risky pairing step with the homologous chromosome required for HR in unreplicated genomes may
explain why mammalian cells rather use NHEJ to repair DSBs in G1 and only switch to HR when a
close-by sister chromatid is available. It remains however unclear why the risk of ectopic
translocation inherent to HR might be more tolerable in unicellular organisms such as yeast than in
multicellular higher eukaryotes.

In addition to the modulation of chromatin movements, the activation of the DNA repair
machinery is also associated with changes in chromatin compaction. It is assumed that chromatin
decondensation following DNA damage is a necessary step and its impairment greatly inhibits the
repair process [84]. A straightforward model is that chromatin decondensation facilitates DNA
access to repair proteins (Figure 3) as illustrated by the hypersensitivity of the chromatin to nucleases
at the DNA breaks. However, this simple model should be considered with caution because several
studies reported that molecular tracers of sizes up to a few hundred kDa can easily diffuse through
the nucleus and penetrate even the densely packed heterochromatin [85,86]. It was also proposed that
the chromatin packing state may influence the way that proteins scan for binding sites, which
correspond to DNA breaks in the case of repair proteins, along the chromatin fiber [86]. In addition,
it was recently suggested that it is the over-compaction of chromatin at DNA breaks rather than its
decondensation that may trigger the recruitment of some repair components [76]. The chromatin
over-condensation or recondensation following DNA damage in association to the recruitment of
heterochromatin proteins [4,76,79] may originate from the necessity to both inhibit transcription of
the damaged DNA and keep the loose broken DNA ends in close proximity to facilitate repair.

To reconcile these different and sometimes contradictory observations, we will require a better
understanding of the types of DNA lesions created with the different DNA damaging
methods [87,88]. Other parameters such as the differential activation of distinct DNA repair
pathways depending on the cell type or the cell cycle, or the time-window at which the chromatin
movements are assessed, must be also analyzed carefully.

7. The Future Step: Relating the Changes in Chromatin Dynamics at DNA Breaks to the
Activity of the DNA Repair Machinery

The changes in the chromatin architecture at DNA breaks described in the previous sections
may be the direct consequence of the modifications of the physical properties of the DNA polymer
upon damage. DSBs occurring in particular in the linker DNA could dramatically destabilize the
chromatin fiber. Single and double strand DNA breaks may also lead to a local release of topological
constraints, a key component of the chromatin packing state [89,90]. However, the fact that the
chromatin remodeling mechanisms observed at DNA breaks are inhibited when impairing specific
DNA repair pathways [59,60,77] suggest that these remodeling mechanisms are not the mere
physical consequences of breaks along the DNA but are rather driven by the activity of the DNA
repair machinery.

The DNA repair machinery directly acts on the chromatin fiber via three major mechanisms: 1)
nucleosome destabilization, ii) alteration of the nucleosome-nucleosome interactions within the fiber
and 1iii) nucleosome repositioning [91]. These chromatin remodeling processes involve a complex
choreography of molecular actors. The most canonical post-transcriptional modification found at
DSBs is the phosphorylation of the H2AX histone variant, which is a major signal controlling the
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recruitment of several members of the DNA repair machinery. It may also play a structural role by
promoting chromatin relaxation [92] or nucleosome destabilization [93,94] at DNA breaks. The
formation of negatively charged chains of poly-ADP-ribose, another post-transcriptional
modification often found at DNA breaks [95], on the linker histone H1 is thought to induce the
relaxation of the chromatin fiber due to the repulsion between the neighboring nucleosomes within
the fiber [96,97]. The histone variant H2A.Z also appears as a key regulator of the nucleosome
stability at DNA breaks [98]. Finally, multiple ATP-dependent chromatin remodeling enzymes are
recruited at DNA damage sites. These enzymes are often part of multi-subunits complexes, fuelled
by the energy provided by ATP hydrolysis to actively alter histone-DNA interactions leading to
nucleosome sliding, eviction or histone exchange [99]. Altogether, these different molecular actors of
the DNA repair machinery acting on the nucleosomes will have a major impact on the internal
organization of the chromatin fiber, which we identified in the first section of this review as the
primary structure of chromatin. It remains however largely unknown how these changes occurring on
this primary structure will influence the higher hierarchical folding steps of the chromatin to
ultimately lead to the modifications of the chromatin movements or compaction levels that were
reviewed above .In the following, we will show how recent developments in high-resolution
fluorescence microscopy and in the modeling of chromatin architecture by polymer physics may help
in building an integrated description of the interplay between chromatin architecture and DNA repair
mechanisms.

Chromatin dynamics in living nuclei is usually studied by tracking diffraction-limited
fluorescent spots corresponding to defined tagged chromatin areas. This approach allows to assess
chromatin movements as small as a few tens of nanometer, well below the nominal spatial resolution
of optical microscopy, provided that the signal-to-noise ratio (SNR) of the tracked spots is
sufficiently high [100]. For many years, reaching high SNR required the labeling of chromatin
regions containing about 0.1 to 1 Mb of DNA, thus preventing the direct characterization of the
dynamics of the smaller structural units of chromatin [54]. The recent progress in single-molecule
imaging abolished this limitation since single fluorescently labeled nucleosomes [101] or single dyes
incorporated in the DNA [102] can be detected in living cells, allowing to follow their local
movements [103]. When used in fixed samples for ultrastructure reconstruction, these single-
molecule imaging approaches also further our understanding of the fine-scale organization of
chromatin [104,105,106]. These new methodologies will refine our description of the dynamic
chromatin architecture in the absence of and following DNA breaks. To study the dynamic structural
information of chromatin at an even smaller scale, the analysis of fluorescence resonance energy
transfer (FRET) signals between fluorophores attached to chromatin components, such as histones,
appears to be a promising method [107]. Because FRET is sensitive to variations of few nanometers
in the distance between the two fluorophores, the recording of the variations of FRET signals upon
DNA damage should help to identify subtle changes in the packing state of chromatin.

Given the complexity of chromatin architecture and the diversity of experimental approaches to
study chromatin structure and dynamics, the precise understanding of the interplay between the
chromatin state and DNA repair mechanisms would clearly benefit from an integrated multiscale
model describing the spatial organization of chromatin in the interphase nucleus. In 2009, Emanuel
et al. made the provocative statement that, with the resolution of the experimental methods available
at the time, any of the structural models could fit the data [108]. Nevertheless, since then, we gained
significant quantitative understanding about the dynamic chromatin architecture. Based on these new
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findings, different models have been proposed. A very simple polymer model was introduced by
Rouse in 1953 [109]. The polymer is modeled as a chain of beads connected with springs and the
contributions of volume exclusion and hydrodynamic interactions are neglected. Surprisingly, this
model agrees very well with the experimental data describing chromatin movements in bacteria [110]
and yeast [44]. Nevertheless, fitting these data with the Rouse model leads to an unrealistic highly
flexible chromatin fiber with a persistence length of only few nanometer [44]. In addition, while the
subdiffusive motion displayed by chromatin in bacteria and yeast appears homogeneous over the
assessed timescales in agreement with the predictions of the Rouse model [44,110], the situation in
mammalian nuclei is more complex with different subdiffusive regimes depending on the
timescales [47]. These different results call for polymer models more complex than the Rouse chain
to describe the subdiffusive chromatin movements [111].

In 2009, based on the spatial proximity maps obtained by Hi-C methods (high throughput
sequencing combined to chromosome conformation capture), it was proposed that chromatin adopts
a particular metastable compact configuration: the fractal globule [15,112]. Noteworthy, this fractal
feature nicely agrees with data obtained using different methods [113]. Yet, this model suffers from
several limitations. In particular, it fails to predict the compact structure of chromosome
territories [114]. To obtain this compact configuration, multiple models have been proposed to take
into account the formation of dynamic chromatin loops [114,115,116]. One interesting feature
associated with the presence of loops is that they allow the generation of chromatin structures that
agree with the fluorescence in-situ hybridization (FISH) data, while limiting the formation of knots,
which are thought to be deleterious for the cells [117]. Despite not being a necessary condition [43],
these loops may also contribute to the spontaneous unmixing of chromosomes, which could explain
the existence of chromosome territories [118,119]. It remains, however, unclear whether the loop
formation requires specific interactions along the chromatin fiber [114,120] or if non-specific,
entropy driven, contacts are sufficient [121]. Very recently, Zhang et al. have used Hi-C contact
maps to define an effective energy landscape for the chromatin fiber [122]. Based on this energy
function, they could simulate chromatin architectures that recapitulate the formation of loops and
their assembling into topologically associated domains. Besides the chromatin polymer itself, a
global model should also include its surrounding heterogeneous environment. For example, the
crowding induced by the numerous macromolecules (proteins, RNA...) diffusing through the nucleus
seems to have a major impact on chromatin architecture [113].

8. Conclusion

Even though if it is now clear that complex chromatin remodeling events occur at DNA breaks,
we still have some difficulties to draw a clear picture of the interplay between the DNA repair
processes and the dynamic chromatin architecture. Among others, two elements would help to make
significant progress in this direction. First, we would need a global and integrated description of the
chromatin architecture in the absence and upon DNA damage. Second, we should investigate more
precisely the impact of the multiscale chromatin organization on the ability of DNA repair proteins
navigating through the nucleus to find their target and bind to it. The recent technical breakthroughs
achieved to investigate chromatin structure at high resolution and the development of complex
polymer models of the chromatin will definitely help to answer these questions in the future.
Altogether, we foresee that advances in the establishment of an integrated chromatin polymer model
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together with the improving spatial and temporal resolution of the methods used to analyze
chromatin architecture should greatly refine the description of chromatin organization. Once such a
refined picture will be available, it will perhaps be possible to better understand how remodeling
events occurring at the fiber level such as those induced by molecular actors of the DNA repair
machinery, can influence chromatin architecture at multiple space scales.

Acknowledgments

This work was supported by grants from the Agence National de la Recherche (JCJC-SVSE2-
2011, ChromaTranscript project) and from the European Union (FP7-PEOPLE-2011-CIG,
ChromaTranscript project). G.T. acknowledges the financial support from the Deutsche
Forschungsgemeinschaft (TI 817/2-1) and from the Worldwide Cancer Research (#14-1315).

Conflict of Interest
The authors declare no conflict of interest.
References

1.  Woodcock CL, Ghosh RP (2010) Chromatin higher-order structure and dynamics. Cold Spring
Harb Perspect Biol 2: a000596.

2. Sexton T, Cavalli G (2015) The role of chromosome domains in shaping the functional genome.
Cell 160: 1049—-1059.

3. Miné-Hattab J, Rothstein R (2012) Increased chromosome mobility facilitates homology search
during recombination. Nat Cell Biol 14: 510-517.

4. Khurana S, Kruhlak MJ, Kim J, et al. (2014) A macrohistone variant links dynamic chromatin
compaction to BRCA1-dependent genome maintenance. Cell Rep 8: 1049-1062.

5.  Robinson PJJ, Fairall L, Huynh VAT, et al. (2006) EM measurements define the dimensions of
the “30-nm” chromatin fiber: evidence for a compact, interdigitated structure. Proc Natl Acad
Sci US A 103: 6506-6511.

6. Schalch T, Duda S, Sargent DF, et al. (2005) X-ray structure of a tetranucleosome and its
implications for the chromatin fibre. Nature 436: 138—141.

7. Joti Y, Hikima T, Nishino, et al. (2012) Chromosomes without a 30-nm chromatin fiber. Nucl
Austin Tex 3: 404—410.

8. Fussner E, Ahmed K, Dehghani, et al. (2010) Changes in chromatin fiber density as a marker
for pluripotency. Cold Spring Harb Symp Quant. Biol 75: 245-249.

9. Yokota H, van den Engh G, Hearst JE, et al. (1995) Evidence for the organization of chromatin
in megabase pair-sized loops arranged along a random walk path in the human GO/G1
interphase nucleus. J Cell Biol 130: 1239-1249.

10. Petrascheck M, Escher D, Mahmoudi T et al. (2005) DNA looping induced by a transcriptional
enhancer in vivo. Nucleic Acids Res. 33: 3743-3750.

11. Pombo A, Dillon N (2015) Three-dimensional genome architecture: players and mechanisms.
Nat Rev Mol Cell Biol 16: 245-257.

AIMS Biophysics Volume 2, Issue 4, 458-475.



470

12.

13.

14.

15.

16.

17.

18.

19.

20.

21.
22.

23.

24.

25.

26.

27.

28.

29.

30.

31.

32.

Dixon JR, Selvaraj S, Yue F, et al. (2012) Topological domains in mammalian genomes
identified by analysis of chromatin interactions. Nature 485: 376-380.

Nora EP, Lajoie BR, Schulz EG, et al. (2012) Spatial partitioning of the regulatory landscape of
the X-inactivation centre. Nature 485: 381-385.

Sexton T, Yaffe E, Kenigsberg E, et al. (2012) Three-dimensional folding and functional
organization principles of the Drosophila genome. Cell 148: 458-472.

Lieberman-Aiden E, van Berkum NL, Williams L, et al. (2009) Comprehensive mapping of
long-range interactions reveals folding principles of the human genome. Science 326: 289-293.
Bolzer A, Kreth G, Solovei I, et al. (2005) Three-dimensional maps of all chromosomes in
human male fibroblast nuclei and prometaphase rosettes. PLoS Biol 3: e157.

Cremer T, Cremer M (2010) Chromosome territories. Cold Spring Harb Perspect Biol 2:
a003889.

Kinney NA, Onufriev AV, Sharakhov IV (2015) Quantified effects of chromosome-nuclear
envelope attachments on 3D organization of chromosomes. Nucl Austin Tex 6: 212-224.

Heun P, Laroche T, Shimada K, et al. (2001) Chromosome dynamics in the yeast interphase
nucleus. Science 294: 2181-2186.

Levi V, Ruan Q, Plutz M, et al. (2005) Chromatin dynamics in interphase cells revealed by
tracking in a two-photon excitation microscope. Biophys J 89: 4275-4285.

Hubner M, Spector D (2010) Chromatin Dynamics. Annu Rev Biophys 39: 471-489.

Javer A, Long Z, Nugent E, et al. (2013) Short-time movement of E. coli chromosomal loci
depends on coordinate and subcellular localization. Nat Commun. 4: 3003.

Gibcus JH, Dekker J (2013) The hierarchy of the 3D genome. Mol Cell 49: 773-782.

Weber SC, Spakowitz AJ, Theriot JA (2012) Nonthermal ATP-dependent fluctuations
contribute to the in vivo motion of chromosomal loci. Proc Natl Acad Sci U S A 109: 7338—
7343.

Pliss A, Malyavantham KS, Bhattacharya S, et al. (2013) Chromatin dynamics in living cells:
identification of oscillatory motion. J Cell Physiol 228, 609-616.

Gerlich D, Beaudouin J, Kalbfuss B, et al. (2003) Global chromosome positions are transmitted
through mitosis in mammalian cells. Cell 112: 751-764.

Walter J, Schermelleh L, Cremer M, et al. (2003) Chromosome order in HeLa cells changes
during mitosis and early G1, but is stably maintained during subsequent interphase stages. J Cell
Biol 160: 685-697.

Miiller I, Boyle S, Singer RH, et al. (2010) Stable morphology, but dynamic internal
reorganisation, of interphase human chromosomes in living cells. PloS One 5: €11560.

Kruhlak MJ, Celeste A, Dellaire G, et al. (2006) Changes in chromatin structure and mobility in
living cells at sites of DNA double-strand breaks. J Cell Biol 172: 823-834.

Zink D, Cremer T, Saffrich R, et al. (1998) Structure and dynamics of human interphase
chromosome territories in vivo. Hum Genet 102: 241-251.

Jackson DA, Pombo A (1998) Replicon clusters are stable units of chromosome structure:
evidence that nuclear organization contributes to the efficient activation and propagation of S
phase in human cells. J Cell Biol 140: 1285-1295.

Robinett CC, Straight A, Li G, et al. (1996) In vivo localization of DNA sequences and
visualization of large-scale chromatin organization using lac operator/repressor recognition. J
Cell Biol 135: 1685-1700.

AIMS Biophysics Volume 2, Issue 4, 458-475.



471

33.

34.

35.

36.

37.

38.

39.

40.

41.

42.

43.

44,

45.

46.

47.

48.

49.

50.

51.

52.

53.

54.

Jacome A, Fernandez-Capetillo O (2011) Lac operator repeats generate a traceable fragile site in
mammalian cells. EMBO Rep 12: 1032—-1038.

Dubarry M, Loiodice I, Chen CL, et al. (2011) Tight protein-DNA interactions favor gene
silencing. Genes Dev 25: 1365-1370.

Saad H, Gallardo F, Dalvai M, et al. (2014) DNA dynamics during early double-strand break
processing revealed by non-intrusive imaging of living cells. PLoS Genet 10: €1004187.

Chen B, Gilbert LA, Cimini BA, et al. (2013) Dynamic imaging of genomic loci in living
human cells by an optimized CRISPR/Cas system. Cell 155: 1479—-1491.

Miyanari Y, Ziegler-Birling C, Torres-Padilla M-E (2013) Live visualization of chromatin
dynamics with fluorescent TALEs. Nat Struct Mol Biol 20: 1321-1324.

Zidovska A, Weitz DA, Mitchison TJ (2013) Micron-scale coherence in interphase chromatin
dynamics. Proc Natl Acad Sci U S A 110: 15555-15560.

Hinde E, Kong X, Yokomori K, et al. (2014) Chromatin dynamics during DNA repair revealed
by pair correlation analysis of molecular flow in the nucleus. Biophys J 107: 55-65.

Marshall WF, Straight A, Marko JF, et al. (1997) Interphase chromosomes undergo constrained
diffusional motion in living cells. Curr Biol CB 7: 930-939.

Bornfleth H, Edelmann P, Zink D, et al. (1999) Quantitative motion analysis of
subchromosomal foci in living cells using four-dimensional microscopy. Biophys J 77: 2871—
2886.

Qian H, Sheetz MP, Elson EL (1991) Single particle tracking. Analysis of diffusion and flow in
two-dimensional systems. Biophys J 60: 910-921.

Rosa A, Everaers R (2008) Structure and dynamics of interphase chromosomes. PLoS Comput
Biol 4: ¢1000153.

Hajjoul H, Mathon J, Ranchon H, et al. (2013) High-throughput chromatin motion tracking in
living yeast reveals the flexibility of the fiber throughout the genome. Genome Res 23: 1829—
1838.

Havlin S, Ben-Avraham D (2002) Diffusion in disordered media. Adv Phys 51: 187-292.

Doi M (1996) Introduction to polymer physics Oxford University Press.

Bronstein I, Israel Y, Kepten E, et al. (2009) Transient anomalous diffusion of telomeres in the
nucleus of mammalian cells. Phys Rev Lett 103: 018102.

Dion V, Kalck V, Seeber A, et al. (2013) Cohesin and the nucleolus constrain the mobility of
spontaneous repair foci. EMBO Rep 14: 984-991.

Gartenberg MR, Neumann FR, Laroche T, et al. (2004) Sir-mediated repression can occur
independently of chromosomal and subnuclear contexts. Cel/ 119: 955-967.

Hu Y, Kireev I, Plutz M, et al. (2009) Large-scale chromatin structure of inducible genes:
transcription on a condensed, linear template. J Cell Biol 185: 87—100.

Neumann FR, Dion V, Gehlen LR, et al. (2012) Targeted INO80O enhances subnuclear
chromatin movement and ectopic homologous recombination. Genes Dev 26: 369—383.

Chuang C-H, Carpenter AE, Fuchsova B, et al. (2006) Long-range directional movement of an
interphase chromosome site. Curr Biol 16: 825-831.

Khanna N, Hu Y, Belmont AS (2014) HSP70 transgene directed motion to nuclear speckles
facilitates heat shock activation. Curr Biol 24: 1138—1144.

Chubb JR, Boyle S, Perry P, et al. (2002) Chromatin motion is constrained by association with
nuclear compartments in human cells. Curr Biol 12: 439-445.

AIMS Biophysics Volume 2, Issue 4, 458-475.



472

55.

56.

57.

58.

59.

60.

61.

62.

63.

64.

65.

66.

67.

68.

69.

70.

71.

72.

73.

Lucas JS, Zhang Y, Dudko OK, et al. (2014) 3D trajectories adopted by coding and regulatory
DNA elements: first-passage times for genomic interactions. Cell 158: 339-352.

Daley JM, Gaines WA, Kwon Y, et al. (2014) Regulation of DNA pairing in homologous
recombination. Cold Spring Harb Perspect Biol 6: a017954.

Lieber MR (2010) The mechanism of double-strand DNA break repair by the nonhomologous
DNA end-joining pathway. Annu Rev Biochem 79: 181-211.

Sonoda E, Hochegger H, Saberi A, et al. (2006) Differential usage of non-homologous end-
joining and homologous recombination in double strand break repair. DNA Repair 5: 1021—
1029.

Dion V, Kalck V, Horigome C, et al. (2012) Increased mobility of double-strand breaks requires
Mecl1, Rad9 and the homologous recombination machinery. Nat Cell Biol 14: 502—-509.

Seeber A, Dion V, Gasser SM (2013) Checkpoint kinases and the INOS80 nucleosome
remodeling complex enhance global chromatin mobility in response to DNA damage. Genes
Dev 27: 1999-2008.

Lisby M, Mortensen UH, Rothstein R (2003) Colocalization of multiple DNA double-strand
breaks at a single Rad52 repair centre. Nat Cell Biol 5: 572-577.

Nagai S, Dubrana K, Tsai-Pflugfelder M, et al. (2008) Functional targeting of DNA damage to a
nuclear pore-associated SUMO-dependent ubiquitin ligase. Science 322: 597-602.

Kalocsay M, Hiller NJ, Jentsch S (2009) Chromosome-wide Rad51 spreading and SUMO-
H2A.Z-dependent chromosome fixation in response to a persistent DNA double-strand break.
Mol Cell 33: 335-343.

Krawczyk PM, Borovski T, Stap J, et al. (2012) Chromatin mobility is increased at sites of
DNA double-strand breaks. J Cell Sci 125: 2127-2133.

Aten JA, Stap J, Krawczyk PM, et al. (2004) Dynamics of DNA double-strand breaks revealed
by clustering of damaged chromosome domains. Science 303: 92-95.

Dimitrova N, Chen Y-CM, Spector DL, et al. (2008) 53BP1 promotes non-homologous end
joining of telomeres by increasing chromatin mobility. Nature 456: 524-528.

Jakob B, Splinter J, Conrad S, et al. (2011) DNA double-strand breaks in heterochromatin elicit
fast repair protein recruitment, histone H2AX phosphorylation and relocation to euchromatin.
Nucleic Acids Res 39: 6489—6499.

Jezkova L, Falk M, Falkova I, et al. (2014) Function of chromatin structure and dynamics in
DNA damage, repair and misrepair: y-rays and protons in action. Appl Radiat Isot Data Instrum
Methods Use Agric Ind Med 83: 128—136.

Chiolo I, Minoda A, Colmenares SU, et al. (2011) Double-strand breaks in heterochromatin
move outside of a dynamic HP1la domain to complete recombinational repair. Cell 144: 732—
744.

Nelms BE, Maser RS, MacKay JF, et al. (1998) In situ visualization of DNA double-strand
break repair in human fibroblasts. Science 280: 590-592.

Jakob B, Splinter J, Durante M, et al. (2009) Live cell microscopy analysis of radiation-induced
DNA double-strand break motion. Proc Natl Acad Sci U S A 106: 3172-3177.

Soutoglou E, Dorn JF, Sengupta K, et al. (2007) Positional stability of single double-strand
breaks in mammalian cells. Nat Cell Biol 9: 675—-682.

Roukos V, Voss TC, Schmidt CK, et al. (2013) Spatial dynamics of chromosome translocations
in living cells. Science 341: 660—664.

AIMS Biophysics Volume 2, Issue 4, 458-475.



473

74.

75.

76.

77.

78.

79.

80.

81.

82.

83.

84.

85.

86.

87.

88.

89.
90.

91.

92.

93.

Smerdon MJ, Lieberman MW (1978) Nucleosome rearrangement in human chromatin during
UV-induced DNA- reapir synthesis. Proc Natl Acad Sci U S A 75: 4238—4241.

Ziv Y, Bielopolski D, Galanty Y, et al. (2006) Chromatin relaxation in response to DNA
double-strand breaks is modulated by a novel ATM- and KAP-1 dependent pathway. Nat Cell
Biol 8: 870-876.

Burgess RC, Burman B, Kruhlak MJ, et al. (2014) Activation of DNA damage response
signaling by condensed chromatin. Cell Rep 9: 1703—-1717.

Smeenk G, Wiegant WW, Marteijn JA, et al. (2013) Poly(ADP-ribosyl)ation links the
chromatin remodeler SMARCAS/SNF2H to RNF168-dependent DNA damage signaling. J Cell
Sci 126: 889-903.

Baldeyron C, Soria G, Roche D, et al. (2011) HPlalpha recruitment to DNA damage by
p150CAF-1 promotes homologous recombination repair. J Cell Biol 193: 81-95.

Ayrapetov MK, Gursoy-Yuzugullu O, Xu C, et al. (2014) DNA double-strand breaks promote
methylation of histone H3 on lysine 9 and transient formation of repressive chromatin. Proc
Natl Acad Sci US A 111: 9169-9174.

Zhu L, Brangwynne CP (2015) Nuclear bodies: the emerging biophysics of nucleoplasmic
phases. Curr Opin Cell Biol 34: 23-30.

Chubb JR, Bickmore WA (2003) Considering nuclear compartmentalization in the light of
nuclear dynamics. Cell 112: 403—406.

Lemaitre C, Soutoglou E (2015) DSB (Im)mobility and DNA repair compartmentalization in
mammalian cells. J Mol Biol 427: 652—658.

Klein IA, Resch W, Jankovic M, et al. (2011) Translocation-capture sequencing reveals the
extent and nature of chromosomal rearrangements in B lymphocytes. Cell 147: 95-106.

Murr R, Loizou JI, Yang Y-G, et al. (2006) Histone acetylation by Trrap-Tip60 modulates
loading of repair proteins and repair of DNA double-strand breaks. Nat Cell Biol 8: 91-99.
Verschure PJ, van der Kraan I, Manders EMM, et al. (2003) Condensed chromatin domains in
the mammalian nucleus are accessible to large macromolecules. EMBO Rep 4: 861-866.
Bancaud A, Huet S, Daigle N, et al. (2009) Molecular crowding affects diffusion and binding of
nuclear proteins in heterochromatin and reveals the fractal organization of chromatin. EMBO J
28:3785-3798.

Dinant C, de Jager M, Essers J, et al. (2007) Activation of multiple DNA repair pathways by
sub-nuclear damage induction methods. J Cell Sci 120: 2731-2740.

Kong X, Mohanty SK, Stephens J, et al. (2009) Comparative analysis of different laser systems
to study cellular responses to DNA damage in mammalian cells. Nucleic Acids Res 37: ¢68.
Gilbert N, Allan J (2014) Supercoiling in DNA and chromatin. Curr Opin Genet Dev 25: 15-21.
Elbel T, Langowski J (2015) The effect of DNA supercoiling on nucleosome structure and
stability. J Phys Condens Matter Inst Phys J 27: 064105.

Polo SE (2015) Reshaping chromatin after DNA damage: the choreography of histone proteins.
J Mol Biol 427: 626—636.

Downs JA, Lowndes NF, Jackson SP (2000) A role for Saccharomyces cerevisiae histone H2A
in DNA repair. Nature 408: 1001-1004.

Heo K, Kim H, Choi SH, et al. (2008) FACT-mediated exchange of histone variant H2AX
regulated by phosphorylation of H2AX and ADP-ribosylation of Spt16. Mol Cell 30: 86—97.

AIMS Biophysics Volume 2, Issue 4, 458-475.



474

94.

95.

96.

97.

98.

99.

100.

101.

102.

103.

104.

105.

106.

107.

108.

109.

110.

111.

112.

Li A, Yu Y, Lee S-C, et al. (2010) Phosphorylation of histone H2A.X by DNA-dependent
protein kinase is not affected by core histone acetylation, but it alters nucleosome stability and
histone H1 binding. J Biol Chem 285: 17778—-17788.

Golia B, Singh HR, Timinszky G (2015) Poly-ADP-ribosylation signaling during DNA damage
repair. Front Biosci Landmark Ed 20: 440-457.

Poirier GG, de Murcia G, Jongstra-Bilen J, et al. (1982) Poly(ADP-ribosyl)ation of
polynucleosomes causes relaxation of chromatin structure. Proc Natl Acad Sci U S A 79: 3423—
3427.

de Murcia G, Huletsky A, Lamarre D, et al. (1986) Modulation of chromatin superstructure
induced by poly(ADP-ribose) synthesis and degradation. J Biol Chem 261: 7011-7017.

Xu Y, Ayrapetov MK, Xu C, et al. (2012) Histone H2A.Z controls a critical chromatin
remodeling step required for DNA double-strand break repair. Mol Cell 48: 723—733.

Clapier CR, Cairns BR (2009) The biology of chromatin remodeling complexes. Annu Rev
Biochem 78: 273-304.

Cheezum MK, Walker WF, Guilford WH (2001) Quantitative comparison of algorithms for
tracking single fluorescent particles. Biophys J 81: 2378-2388.

Wombacher R, Heidbreder M, van de Linde S, et al. (2010) Live-cell super-resolution imaging
with trimethoprim conjugates. Nat Methods 7: 717-719.

Benke A, Manley S (2012) Live-cell dSTORM of cellular DNA based on direct DNA labeling.
Chembiochem Eur J Chem Biol 13: 298-301.

Hihara S, Pack C-G, Kaizu K, et al. (2012) Local nucleosome dynamics facilitate chromatin
accessibility in living mammalian cells. Cell Rep 2: 1645-1656.

Récamier V, Izeddin I, Bosanac L, et al. (2014) Single cell correlation fractal dimension of
chromatin: a framework to interpret 3D single molecule super-resolution. Nucl Austin Tex 5:
75-84.

Ricci MA, Manzo C, Garcia-Parajo MF, et al. (2015) Chromatin fibers are formed by
heterogeneous groups of nucleosomes in vivo. Cell 160: 1145—-1158.

Zhang Y, Maté G, Miiller P, et al. (2015) Radiation induced chromatin conformation changes
analysed by fluorescent localization microscopy, statistical physics, and graph theory. PloS One
10: e0128555.

Lleres D, James J, Swift S, et al. (2009) Quantitative analysis of chromatin compaction in living
cells using FLIM-FRET. J Cell Biol 187: 481-496.

Emanuel M, Radja NH, Henriksson A, et al. (2009) The physics behind the larger scale
organization of DNA in eukaryotes. Phys Biol 6: 025008.

Rouse P (1953) A Theory of the Linear Viscoelastic Properties of Dilute Solutions of Coiling
Polymers. J Chem Phys 21: 1272—-1280.

Weber SC, Spakowitz AJ, Theriot JA (2010) Bacterial chromosomal loci move subdiffusively
through a viscoelastic cytoplasm. Phys Rev Lett 104: 238102.

Metzler R, Jeon J-H, Cherstvy AG, et al. (2014) Anomalous diffusion models and their
properties: non-stationarity, non-ergodicity, and ageing at the centenary of single particle
tracking. Phys Chem Chem Phys 16: 24128-24164.

Mirny LA (2011) The fractal globule as a model of chromatin architecture in the cell.
Chromosome Res Int J Mol Supramol Evol Asp Chromosome Biol 19: 37-51.

AIMS Biophysics Volume 2, Issue 4, 458-475.



475

113. Huet S, Lavelle C, Ranchon H, et al. (2014) Relevance and limitations of crowding, fractal, and
polymer models to describe nuclear architecture. /nt Rev Cell Mol Biol 307: 443—479.

114. Barbieri M, Chotalia M, Fraser J, et al. (2012) Complexity of chromatin folding is captured by
the strings and binders switch model. Proc Natl Acad Sci U S A 109: 16173—-16178.

115. Mateos-Langerak J, Bohn M, de Leeuw W, et al. (2009) Spatially confined folding of chromatin
in the interphase nucleus. Proc Natl Acad Sci U S A 106: 3812-3817.

116. Bohn M, Heermann DW (2010) Diffusion-driven looping provides a consistent framework for
chromatin organization. PloS One 5: e12218.

117. Jerabek H, Heermann DW (2014) How chromatin looping and nuclear envelope attachment
affect genome organization in eukaryotic cell nuclei. Int Rev Cell Mol Biol 307: 351-381.

118. Cook PR, Marenduzzo D (2009) Entropic organization of interphase chromosomes. J Cell Biol
186: 825-834.

119. Bohn M, Heermann DW (2011) Repulsive forces between looping chromosomes induce
entropy-driven segregation. PloS One 6: e14428.

120. Jost D, Carrivain P, Cavalli G, et al. (2014) Modeling epigenome folding: formation and
dynamics of topologically associated chromatin domains. Nucleic Acids Res 42: 9553-9561.

121. Finan K, Cook PR, Marenduzzo D (2011) Non-specific (entropic) forces as major determinants
of the structure of mammalian chromosomes. Chromosome Res Int J Mol Supramol Evol Asp
Chromosome Biol 19: 53-61.

122. Zhang B, Wolynes PG (2015) Topology, structures, and energy landscapes of human
chromosomes. Proc Natl. Acad Sci U S 4 112: 6062—-6067.

© 2015 Sébastien Huet, et al., licensee AIMS Press. This is an open

HME AIMS Press access article distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/4.0)

AIMS Biophysics Volume 2, Issue 4, 458-475.



